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Lipase-catalyzed esterification reactions are among the most significant chemical and biochemical processes of

industrial relevance. Lipases catalyze hydrolysis as well as esterification reactions. Enzyme-catalyzed esterifica-

tion has acquired increasing attention in many applications, due to the significance of the derived products.

More specifically, the lipase-catalyzed esterification reactions attracted research interest during the past decade,

due to an increased use of organic esters in biotechnology and the chemical industry. Lipases, as hydrolyzing

agents are active in environments, which contain a minimum of two distinct phases, where all reactants are

partitioned between these phases, although their distribution is not fixed and changes as the reaction proceeds.

The kinetics of the lipase-catalyzed reactions is governed by a number of factors. This article presents a thorough

and descriptive evaluation of the applied trends and perspectives concerning the enzymatic esterification,mainly

for biofuel production; an emphasis is given on essential factors, which affect the lipase-catalyzed esterification

reaction. Moreover, the art of using bacterial and/or fungal strains for whole cell biocatalysis purposes, as well as

carrying out catalysis by various forms of purified lipases from bacterial and fungal sources is also reviewed.

© 2013 Published by Elsevier Inc.
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1. Introduction

Lipases are highly stable enzymes, which remain active even under

unfavorable conditions. They are obtained in satisfactory yields from

animals, plants, and natural or recombinant microorganisms, and have

found a plethora of applications in food and pharmaceutical industries

and technologies, as significant biocatalysts (Pandey et al., 1999). The

physiological role of lipases (water-soluble triacylglycerol acylhydrolases,

EC 3.1.1._) is the catalytic conversion of tri-glycerides into di-, or mono-

glycerides, fatty acids and glycerol. A number of lipases are unable to

hydrolyze ester bonds at secondary positions, asmost ofmicrobial lipases

do, while another group of these enzymes hydrolyzes both primary and

secondary esters. A third group of lipases exhibits fatty acid selectivity,

and cleaves ester bonds of particular types of fatty acids (Krishna and

Karanth, 2002). Lipases, which are serine hydrolases, are of considerable

industrial potential, and catalyze esterification, interesterification and

transesterification reactions in non-aqueous media (organic solvents

and supercritical fluids), usually for biofuel production. Lipases catalyze

also alcoholysis, acidolysis and aminolysis reactions, as well as hydrolyze

organic carbonates (Pandey et al., 1999). In any case, the course followed

by a lipase depends strongly on the aqueous content of the reaction me-

dium, as absence of water eliminates the competing hydrolysis reaction.

Conversely, there is a variety of reports on lipases catalyzing synthetic

reactions in non-aqueous, or in low water content systems (Knežević
et al., 2004; Krishna and Karanth, 2002; Hasan et al., 2009).

Lipases perform catalysis via a motif comprising three residues

(serine, histidine and aspartate or glutamate); however, existing

evidence indicates a convergence of the catalyticmotifs of serine pro-

teases and lipases (Kokkinou et al., 2012; Matsumura et al., 2008). An es-

sential catalytic feature of lipases is a surface loop, the lid domain, which

covers their active site (Aloulou et al., 2006;Meier et al., 2007), although a

few lipases do not display a lid structure (Krishna and Karanth, 2002).

Different reactionmechanisms describe lipase-catalyzed hydrolysis, es-

terification, and transesterification reactions, depending also on the

specific used medium; thus, mostly non-Michaelis–Menten kinetic

models have been suggested, which are applied in non-isotropic media

and comprise steps leading to lipase activation and the formation of the

corresponding enzyme–substrate complexes (Aloulou et al., 2006;

Papamichael et al., 2012). Nevertheless, it should be emphasized that

any lipase-catalyzed process (including synthesis) is influenced by the

lipase stability, selectivity, mass transfer and other factors (Tufvesson

et al., 2011), and one might choose from a variety of lipase-forms in

order to use it as a biocatalyst, i.e. as: (a) whole-cell catalysis (lipases

kept inside the host cell), in either a free or immobilized form, concom-

itantly taking into account the cost of side reactions, (b) liquid formulat-

ed lipases (lipases dissolved in aqueous solutions), and (c) immobilized

lipases (lipases immobilized in solid matrices) either by cross-

linking, or encapsulation, or adsorbing and/or covalent linking onto a

matrix. In addition it should be taken into account that lipases should

be able to retain water, since these enzymes may need the interface to

work (Nielsen et al., 2008).

Finally, as most of the articles dealing with the lipase-catalyzed

esterification focus mainly on the developed techniques and the yield

optimization, herein, we not only report on the available mechanistic

principles of the esterification reaction and its inherent difficulties due

to fact that it is performed in organic solvents and/or in biphasic

media (Kvittingen, 1994 and references therein), but also in contrast

deal with the key factors and courses affecting the lipase-catalyzed

esterification for biofuel production, their trends, challenges and future

perspectives.

2. The main reactions

2.1. Hydrolysis

In general, enzymatic hydrolysis is considered important in science,

technology and industry. Specific hydrolases, e.g. lipases, degrade lipids

and other esters in a variety of scientific and industrial processes

(Papamichael et al., 2012). The hydrolysis of natural and artificial esters

is an unusual reaction, more likely due to the opposite polarities of

hydrophobic substrates, and hydrophilic catalysts and products; this

reaction is mainly occurring at the aqueous/organic solvent interface,

although the interfacial composition is a matter of further research

concerning the reaction microenvironment. Since many years ago, an

array of works has been published reporting that the feedback mecha-

nism of ester hydrolysis, including the digestion of triglycerides, could

offer important information concerning the understanding and control

of this reaction course (Aloulou et al., 2006; Reis et al., 2009).

2.2. Esterification

Enzyme-catalyzed esterification acquired increasing attention in

many applications, due to the significance of the derived products.

More specifically, the lipase-catalyzed esterification reactions attracted

research interest during the past decade, due to an increased use of or-

ganic esters in biotechnology and the chemical industry (Torres and

Castro, 2004). For this reason, esterification by lipases was developed

a few decades ago (Okumura et al., 1979) and various microbial lipases

have been employed in experiments using either primary or secondary

alcohols, or both, free-solvent systems, or organic solvents. Among the

important factors which influence the ester yield are the concentrations

of enzyme and substrates, their molar ratio, the reaction pH-value and

temperature, the mixing rates, and the water content (Zaks and

Klibanov, 1988 and references therein).

3. Lipases as biocatalysts — the kinetics

Lipases, as hydrolyzing agents are active in environments, which

contain a minimum of two distinct phases, where all reactants are

partitioned between these phases, although their distribution is not

fixed and changes as the reaction proceeds. Furthermore, the complica-

tions of phase heterogeneity and its temporal changes should be also

considered. As a consequence, the level of understanding of the regula-

tion of the catalysis by lipases has lagged behind that for the homoge-

neous one (Pandey et al., 1999; Reis et al., 2009).

In recent reports, numerous enzymes were classified according to

their folding pattern. Lipases from different sources are normally

categorized in the α/β-hydrolase folding group, sharing the same

or at least similar folding patterns with esterases. Lipases, as hydrolyzing

enzymes possess specific sequences of α-helices and β-strands. Detailed

information on these structures has been reported previously (Jaeger

et al., 1999, and references therein; Joseph et al., 2008 and references

therein). In addition, a tool has been described to differentiate between

lipases and esterases based on their protein surface electrostatic
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distribution, and amino acid sequence and composition. However,

lipases exhibit a statistically significant characteristic, i.e. the occurrence

of non-polar residues clustered around the active site at high solvent

accessibility values. Furthermore, any information on the three-

dimensional structures, as well as on the factors, which influence

the regiospecificity and enantiospecificity of lipases, is essential

for its future applications, even though these properties were

found distinctly different among lipases, despite their high amino

acid sequence homology (Fojan et al., 2000 and references therein).

In order to improve both yield and quality of the lipase-catalyzed

ester synthesis, efforts were made in studying the kinetics (i.e. the

development of rate expressions, and the reaction mechanisms), the

rate of product formation, the effects of changes in system conditions,

and the design of the appropriate reactors (Yahya et al., 1998). Most

of the mechanistic models reported up till today are based on several

applications e.g.Michaelis–Menten kinetics, ping-pong bi-bimechanism,

etc. (Krishna and Karanth, 2002).

Although, new, irreversible lipase-catalyzed methods have been

developed for carboxylic acid esterification in non-aqueous media

based on the chemical destruction of the water produced during

the process (Jeromin and Zoor, 2008), most of the problems of these

type of reactions could be overcome by immobilizing lipases on water

insoluble carriers, which augment their use and contributes to the

development of economical continuous bioprocesses (Knežević
et al., 2004). Different types of immobilization can be attained, either

by attachment to a carrier in various ways (covalently, by hydrophobic

binding, by ion exchange, by cross-linking), and by holding in a barrier

(i.e. reversed micelles, polymeric matrices, hollow fibers, etc), or by

means of precipitation in organic solvents. However, adsorption is com-

monly considered as easy, and less expensive and/or less harmful for

the lipase activity (Paiva et al., 2000). Nevertheless, it should be taken

into account that an immobilized enzyme is normally localized in a

defined inert material, which although allows its physical separation

from the bulk reactionmedium, it is permeable to all reactantmolecular

species (Balcão et al., 1996a).

Furthermore, a reaction scheme needs to be established along with

the identification of substrates, products, and key-characteristics, as

well as the process constraints (phase behavior and kinetics during

the reaction). Additionally, if immobilized lipases need to be selected

the task of the project should be fulfilled (phase behavior and reaction

hydrodynamics), as well as the reactor and its characteristics (reaction

hydrodynamics and operation mode). Moreover, an enzyme kinetic

study (activity and stability), and the study of other characteristics

(flow pattern, solid suspension, mass transfer, etc.) in laboratory scale

are also fundamentals before an industrial scaling up of any proposed

organic acid esterification process.

Finally, we should refer towhat iswell known among enzymologists

as kinetics and mechanisms. Generally, in the case of immobilized

lipase-catalyzed reactions, only awkward equations can be formulated

for the reaction rate expressions, whose simplified forms are still com-

plicated; anyway, it is understood that there is no reason to refer herein

to kinetics and mechanisms of non-immobilized lipases.

It is widely accepted that lipase-catalyzed reactions (hydrolysis,

esterification, etc.) can be described by a ping-pong bi-bi mechanism,

which proceeds through the formation of an acyl-enzyme, as it is

expressed in reaction Scheme 1 (as modified from Cleland, 1970). In

Scheme 1 E = lipase, A = ester moiety, P = alcohol moiety, F =

Acyl-lipase, Q = acid moiety, and i = 1, 2, …, I and j = 1, 2, …, J, are

types of acid and alcohol moieties, respectively. In these cases, the

equilibrium is converted between hydrolysis and synthesis, depending

highly on the water content of the reaction medium, as hydrolysis and

ester synthesis are promoted by macro- and micro-aqueous systems,

respectively. Therefore, and in order to describe the system under

consideration in mathematical terms, suitable assumptions need to

be made on the occurring elementary reaction steps, i.e. to suggest a

mechanism, and estimate the values of rate expressions and kinetic

parameters using appropriate experimental data, and equations.

As already mentioned, a catalytic triad consisting of three residues

(serine, histidine and aspartate or glutamate) carries out the catalysis

by lipases, however there is little homology among the known sequences

of these enzymes, whose catalytic motifs are evidently of convergent

nature to those of serine proteases. In the amino acid sequence of lipases

their conserved catalytic motif, i.e. serine (the nucleophile), aspartate or

glutamate and histidine are found always in this order, and it differs

significantly from that observed in other hydrolases equipped with

catalytic triads. In several lipases, a cysteine or an aspartate plays

the role of the nucleophilic serine. In the α/β hydrolase folding, the

catalytic aspartate (or glutamate) is hydrogen-bonded to the catalytic his-

tidine, which is located in a loop with variable length and conformation

(Joseph et al., 2008 and references therein).

As lipases and serine proteases perform catalysis via similar catalytic

triads, it is expected to proceed along similar mechanisms in aqueous

media; however, and as it has been reported previously, the develop-

ment of the oxyanion hole differs in lipases due to their structural

particularities. In this way, a full mechanismof action has been reported

for the bovine pancreas lipase in its hydrolysis of p-nitrophenyl laurate

(reaction Scheme 2, as modified from Kokkinou et al., 2012), which is

analogous to this, reported for serine proteases (Kokkinou et al., 2012;

Papamichael et al., 2012).

However, when lipases perform catalysis in multi-phase systems

(e.g. in non-aqueous media or as immobilized enzymes on water insol-

uble carriers, etc.) and since these are non-isotropic media, they should

be described by alternative kineticmodels, which could be based on the

Michaelis–Menten approach. Different models of this kind have been

suggested, comprising a physical adsorption of lipase at the aqueous/

lipid interface, leading to the formation of a lipase–substrate complex,

followed by a chemical step, which gives the products and the adsorbed

free enzyme (Aloulou et al., 2006 and references therein). In a typical

two-dimensional Michaelis–Menten catalytic approach (e.g. hydrolysis),

the soluble Lipase (E) is adsorbed on an aqueous/organic interface (E*),

which binds the substrate molecule and forms the E*S complex. Then,

after several necessary reaction sub steps, the soluble products P1*

and P2* are diffused in the water layer (P1 and P2), as illustrated

in reaction Scheme 3 (as modified from Aloulou et al., 2006, and

Scheme 1. The ping pong bi-bi reaction scheme.

3P.-Y. Stergiou et al. / Biotechnology Advances xxx (2013) xxx–xxx

Please cite this article as: Stergiou P-Y, et al, Advances in lipase-catalyzed esterification reactions, Biotechnol Adv (2013), http://dx.doi.org/
10.1016/j.biotechadv.2013.08.006



Papamichael et al., 2012), where the rate constants kp and kd are as-

sociated with the adsorption/desorption of enzymes between the

aqueous and lipid/water interface. This function of the catalytic

motif of lipases does not constitute a steady, but rather a dynamic

ontologic entity, showing in general, that considering enzymatic

mechanisms should not be focused only on the markedly referred

catalytic residues.

As far as it concerns the mechanism of lipase-catalyzed esterification,

it has been shown that a fatty acid forms an acyl-enzyme intermediate

complex with lipase, releasing a water molecule, followed by the binding

of alcohol onto this acyl-enzyme; the latter is then transformed into a

lipase–ester complex releasing the ester and the free enzyme. This con-

cept takes into account that both acid and alcohol were assumed as

competitive inhibitors of the esterification process; the corresponding

mechanism could be represented by reaction Scheme 4 (as modified

from Gandhi et al., 2000; Kokkinou et al., 2012).

3.1. Esterification with lipases

Biocatalysis is an advantageous synthetic means, when it is

performed in organic solvents due to both the switching thermodynamic

equilibrium towards synthesis (esterification, etc.) and by increasing the
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solubility of non-polar substrates and products. A number of attempts

have been reported dealing with the improvement of activity and stabil-

ity of lipases in non-aqueousmedia bymeans of: (a) non-covalent inter-

actionwith surfactants, (b) entrapment inwater-in-oilmicro-emulsions,

(c) reverse micelles, (d) immobilization on appropriate insoluble sup-

ports (e.g. matrices, porous inorganic carriers, polymers, etc.) and/or

utilization of lyophilized enzyme powders suspended in organic

solvents, as well as (e) protein engineering (Torres and Castro, 2004

and references therein).

Furthermore, few studies have been published on enzymatic esteri-

fication reactions in order to simplify and improve biofuel production

and yield (Larroche and Pandey, 2005). More recent attempts focused

on studying immobilized lipase-catalyzed reactions, i.e. less viscous

multi-phase systems, which can dissolve larger amounts of the used

alcohol; in these cases, water is the major by-product of esterification,

and therefore, both mass transfer and inhibitory effects of un-dissolved

alcohol are strongly reduced. Therein, the major advantage is something

like pushing all available organic acids to react towards increasing the

ester yield, as an alternative of removing the produced water, whose

levels should be maintained as low as possible (N500 ppm). Another

choice could be the use of large amounts of alcohol in order to push the

reaction in favor of ester formation. However, a balanced choice of lipase

and a type of an anhydrous alcohol are a prerequisite before the initiation

of the esterification reaction (Xu, 2012). Moreover, water needs to be

removed during the reaction course, either by performing multi-step

reactions (removing water between steps), or by removing it instanta-

neously, in situ by using a variety of methods (Wang et al., 2006 and

references therein; Jeromin and Zoor, 2008); the latter constitutes the

major difficulty of scaling up an esterification method for industrial

application, along with the operational and mechanical stability of the

immobilized biocatalyst.

3.2. Factors affecting lipase-catalyzed esterification and ester yield

The activity of lipases seems more likely not to be directly correlated

with their substrate concentration, but rather with the total substrate

area, and the thermodynamic activity of water in the medium (Krishna

and Karanth, 2002; Papamichael et al., 2012). However, relatively recent

studies revealed the effects of the interfacial microenvironment in the

catalysis by lipases, and showed that their activity is more attributed to

substrate inaccessibility, rather than to enzyme denaturation as a

function of the interfacial composition (Reis et al., 2009). Moreover,

the enzymatic activity of lipases strongly depends upon the method

of their preparation, as these enzymes are not soluble in most organic

solvents. In general, carboxylic acids can undergo reversible acidic cataly-

sis, via an oxonium ion to become esters after an exchange reaction with

an alcohol, whose presence in a large excess pushes the equilibrium

towards the esterification. The occurrence of water, which is a stronger

nucleophile than alcohols are, does not favor esterification (Pandey

et al., 1999; Reis et al., 2009). Additionally, the effects of organic acid

and/or the chain length of alcohol substrate(s) are significant in lipase-

catalyzed esterification reactions, which proceed through enzyme-

substrate binding; undoubtedly, any factor, amongmany, which affects

substrate binding, influences the esterification rate (Vaysse et al., 2002

and references therein).

After all, temperature and pH are twomore factors, which generally

affect the lipase-catalyzed esterification, as in most homogeneous and

heterogeneous reactions. The thermo-stability of lipases has been

explained in terms of their substrate binding, as owed to both its

structure and the removal of excesswatermolecules from the immediate

vicinity of the enzymemolecule; the latter restricts the overall conforma-

tionalmobility of lipases.Moreover, the pH-value of the reactionmedium

and whatever it is as a physical entity, certainly plays a major role in

lipase-catalyzed esterification reactions. Accordingly, variousmammalian

lysosomal lipases exhibit pH optima on the acid side, while lipases from

microbial sources exhibit alkaline pH optima, however these latter values

have been recorded in aqueous media. These pH optima may be shifted

to more acidic values due to the presence (and/or absence) of several

important factors (e.g. salts, emulsifiers, substrates, etc.) (Krishna and

Karanth, 2002).

3.2.1. Effects of the reaction media

The catalytically active 3D-structure of enzymes depends on many

hydrogen bonds, hydrophobic effects, van der Waals forces, and dipole

interactions, which occur within the protein molecule and between

the protein and the solvent. Thus, prerequisites for enzymatic non-

aqueous homogeneous catalysis are the solubility and the stability

of biocatalysts in the used organic solvent, moreover, because some

of them (e.g. DMSO, DMF, etc.) supplement the enzyme inactivation.

Neat non-aqueous organic solvents, where lipases are more soluble

and stable, seem to suggest solutions to the problem (Costas et al.,

2008, and references therein). Generally, an enzyme's solubility in

organic solvents varies as it depends, mainly, on the properties of

both the enzyme and the solvent, i.e. according to the physicochemical

conditions at the protein–solvent boundary, on the temperature and on

the ionic strength of the solvent. In the cases of homogeneous aqueous-

organic reaction media, the organic solvent distorts the enzyme's

micro-structure, which in addition unfolds in the presence of water

due to its conformational flexibility, which may lead to a reversible or

irreversible denaturation of the enzyme molecule (Torres and Castro,

2004). Polar solvents usually affect the side chains of lipases, which

are more flexible in water than in organic solvents. These are straight-

forwardly applied in the dynamics of the lid, which is less flexible in

organic solvents and affects the catalytic activity of the used lipase;

Scheme3.Example of a typical two-dimensional four-step reaction scheme of action accepted for lipases catalyzing thehydrolysis of a substrate at the aqueous/lipid interface. Asmodified

from Aloulou et al. (2006), and Papamichael et al. (2012).
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however, in this environment the side chains of hydrophobic substrates

tend to become more flexible (Tejo et al., 2004).

Another important factor, which affects the lipase-catalyzed synthe-

sis, is the nature of the used organic solvent, and its interactionwith the

contained water, in the reaction medium (Costas et al., 2008, and refer-

ences therein). Organic solvents may extent specific effects on the flex-

ibility of solvent-exposed side chains of lipase, as in the case of the lid,

which fluctuates as a rigid body about its average position. It is more

likely that organic solvents reduce the flexibility of the lid, but they in-

crease the flexibility of side chains in the hydrophobic substrate binding

site (Tejo et al., 2004). The function of the lid has been modulated in

three different recombinant lipases i.e. Candida rugosa lipase isoform-

1, Pseudomonas fragi lipase, and Bacillus subtilis lipase A (Secundo

et al., 2006) and it was found that the replacement of the lid seems to

affect the specific activity of the lipase, but not its specificity towards

acyl donors in synthetic reactions (Dave and Madamwar, 2010).

Lipases have been employed in synthetic reactions performed in or-

ganic solvents, and offer relatively greater selectivity and higher rates.

On the other hand, and as far as it concerns the lipase-catalyzed esteri-

fication, opinions and experimental evidences contradict each other on

whether or not, completely anhydrous organic media are suitable or

not, as enzymesmostly retain their native structure inmedia containing

some amounts ofwater. It seemsmore likely that the answer is based on

the enzyme-bound water, whose role is crucial for the enzyme
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structure rather than the role of bulk water (Zaks and Klibanov, 1988

and references therein; Jeromin and Zoor, 2008), Nevertheless, for

biotechnological purposes there are some advantages in performing

lipase-catalyzed reactions in organic media: enhanced lipase thermo-

stability, thermodynamic equilibrium shifted towards ester synthesis,

recovery of the immobilized lipase by simple filtration, elimination of

microbial contamination, and minimization of lipase inhibition (Zaks

and Klibanov, 1988 and references therein).

Monophasic organicmedia,where the bulkwater has been removed

and exists only in traces on the lipase surface, are usually used and

proved to be extremely reliable, versatile, simple, and easy to use, due

to the fact that lipases remain catalytically active. Furthermore, proper

selection of the organic solvent influences the effectiveness of lipases

and thus several physical and chemical properties have been considered

(polarity, boiling and freezing points, molar mass, viscosity, heat capac-

ity, acidity, basicity, etc.) in order to determine a solvent's suitability and

specific parameters, which have been suggested to quantify the afore-

mentioned properties. Such parametersmay be the relative permittivity

εr, which is a measure of the solvent's polarity, the Hildebrandt solubil-

ity parameter, the dielectric constant, the partition coefficient, and the

dipole moment (Laane et al., 1987; Zaks and Klibanov, 1988). In anhy-

drous reaction media ([H2O] bb 0.01%), which are comprised as bulk

organic phases, the enzymes have been dehydrated and free water has

been removed. A measure of the solvent's polarity is the log(P), i.e. the

partition coefficient of the employed solvent between water and

octanol in a two-phase system. Values of log P N 4.0 forward the reac-

tion in favor of esterification,more likely due to both, the better dissoci-

ation of weak organic acids, and the removal of themicro-aqueous layer

around the lipase, which in turn sustains essentially the structure and the

catalytically active conformation of lipases (Krishna and Karanth, 2002).

Both, the type of organic solvent, as well as the status of the enzyme

(immobilized or not) affect the product yield of lipase-catalyzed esteri-

fication; ester yields are increased when reactions are performed in

non-polar solvents, while polar and less hydrophobic solvents may dis-

tort the micro-aqueous layer around the lipase, possibly causing dena-

turation of the enzyme (Soumanou and Bornscheuer, 2003). However,

the increased use of enzymatic solvent-free systems showed their

robustness versus the organic solvent systems, concomitantly effecting

a cost reduction and improved control of the process (Köse et al., 2002

and references therein). Alternatively, it seems that solvent-free systems

consisting only of substrates (alcohol and acid) are advantageous, as com-

pared to the previously described non-aqueous and anhydrous ones;

herein, fewer components participate in the reaction, and thus minimize

the production cost, permitting also the use of high substrate concentra-

tions, when they are both in a liquid phase (Jeromin and Zoor, 2008).

3.2.2. The influence of reactors and the scaling-up process

Multiphasic reaction media are typically used, when catalysis is

performedby immobilized lipases and thus the choice of a suitable reac-

tor is an important task. An experimenter could choose from a variety of

reactors, e.g. a well-mixed reactor, which can be operated in both batch

and continuousmodes, although the immobilized lipase is usually dam-

aged (Buchholz et al., 2005). Other types of reactors could be also used

such as classic plugflow reactors, which are preferred in cases of revers-

ible reactions, although they show large mass transfer limitations, etc.

(Nielsen et al., 2008).

Reactors harboring immobilized lipases as biocatalysts can be classi-

fied into twomain types: (a) the ones containing an aqueous phase and

where the lipase restricted by a surfactant membrane into an organic

solvent and (b) those, where the lipase is immobilized in a solid matrix

dispersed within either an organic solvent, or rarely within an aqueous

phase. A variety of reactor systems are available including batch stirred

and continuous tank reactors, as well as bed ormembrane (diaphragm)

reactors (Balcão et al., 1996a).

It is always an effective task to scale-up experimental procedures

performed in the laboratory, and to achieve equivalent results in specific

reactors (Fjerbaek et al., 2009). To succeed in such an effort, it is sig-

nificant to appreciate proper objectives and methodologies, as well as

the chances and risks of failure, due to the inherent complication of the

systems under study and the lack of knowledge on important parame-

ters of the reactor (e.g. fluid flow performance, fortuitous environmen-

tal variations, etc.). It seems more likely, that the key difficulty of the

aforementioned approach is based on the multiphasic nature of the

lipase-catalyzed hydrolyses and syntheses, which do not allow the ex-

perimenter to attain comparable mass transfer conditions and reaction

rates (Xu, 2012 and references therein).

3.2.3. The crucial role of water activity

A direct relationship between water content and lipase stability and

activity has been reported in previous works, since the hydration of an

enzyme molecule can be described using a lot of different approaches

(Krishna and Karanth, 2002). Few water molecules still remain bound

to enzymes' molecules even after careful drying, contributing much

more than the total water concentration in keeping their active struc-

ture and increasing their activity (Zaks and Klibanov, 1988). The trace

quantities of water contained in organic solvents can be controlled

over a narrow range only, having a profound effect on the lipase activity

and in addition, water acts as a competing nucleophile. Unlike other hy-

drolases, lipases arewell activated, when adsorbed onto oil/water inter-

faces, and on the other hand, their substrate specificity, regioselectivity,

and stereoselectivity can be controlled by varying the reaction media

(Knežević et al., 2004; Krishna and Karanth, 2002).

Water is produced during esterification reactions, and if it is accumu-

lated in the reaction medium decreases both the reaction rate and the

ester yield, independently of the type of reaction, enzyme-catalyzed, or

not. The presence of water in the medium, during an esterification reac-

tion, can be quantified by its thermodynamic activity aw = p/po, where

p and po represent the water vapor pressure over a substance to that

over pure water (po). This quantity (aw) governs the hydration of en-

zymes, giving also a direct indication of the mass action of water (Scott,

1957). Various techniques have been used in order to dealwith the effect

of aw during an esterification reaction, as its value changes due to the

continual production of water, and it may causes unfavorable results

(Kvittingen, 1994 and references therein; Villeneuve, 2007). Conven-

tionally, either molecular sieves (Akoh et al., 1992), or chemical destruc-

tion of the produced water (Jeromin and Zoor, 2008) has been used.

Likewise, manymethods have been reported in estimating aw of amedi-

umduring a reaction course, usingmedia of various origins (Resnik et al.,

1984 and references therein). Furthermore, the estimation of aw has

been also elaborated by using mathematical methods (Yamane et al.,

1989). However some of them are not recommended for estimation of

aw in organic solvents (Halling, 1984).

3.2.4. Nature and influence of pH-value, of the reaction media

The concept of measuring the concentrations of reactants, and

estimating conventional parameters, such as the pH-value, is a difficult

task in multiphase and/or organic solvent systems. Thus, despite the

numerous reported attempts, the collection of any information neces-

sary for analyzing an enzymatic mechanism from the microenviron-

ment around the hindered lipase is limited. For example, pH-optima

of lipase-catalyzed esterification have not yet been reported and it

seems more likely, that relative assumptions were not based on concrete

experimental data. Moreover, the use of protonated or deprotonated acid

as a substrate was not taken into account in previous reports.

Diluted aqueous solutions are the onlymediawhere pH-valuemain-

tains its well known meaning, while in non-aqueous media this scale is

not valid. Therefore, where it is necessary, specific methods and proce-

dures should be used to both understand and surmount the existing

problems, e.g. low conductivity of some organic solvents, presence of

high [Na+], etc. Furthermore, the pH-value of any reaction medium

affects the important functional groups of an enzyme, whose ionization

influences the reaction rate. Enzymes are influenced similarly in organic
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solvents, where ionization of their functional groups is still important,

although the concept of pH is different. However, it should bementioned,

that there is experimental evidence on a peculiar property; ionized

compounds when they were lyophilized (including enzymes and of

course lipases), conserved their ionic status according to the pH-value

of the aqueous solution, where they last existed. This phenomenon was

termed pH memory (Constantino et al., 1997), while some publications

report exceptions of this phenomenon,when referring to several oxidore-

ductases (Skrika-Alexopoulos and Freedman, 1993).

The contribution of substrates, i.e. of acids and/or alcohols, in lipase-

catalyzed reactions is considerable in configuring the pH-value, and

accordingly, also to their protonation status; moreover, reaction time

course and temperature also contribute significantly in the same direc-

tion. Especially the pH-value cannot be determined according to common

protocols and needs a profound elucidation, where the influence of the

protonation degree of the acid, as well as the catalytic mode of action of

the used lipase, has to be taken into account (i.e. the nucleophilic status

of the catalytic serine residue) (Buthe et al., 2005; Krishna and Karanth,

2002).

Acid and/or base properties of aqueous solutions are measured by

using the well known Brønsted pH scale, i.e. pH = − log10[a(H
+, aq)],

where a(H+, aq) in mol L−1, symbolizes the activity of the proton in

the aqueous phase (solution). Any change of the pH-value in homoge-

nous media corresponds to some electrochemical potential variation,

which is directly connected to thermodynamics (Bates, 1973). On the

other hand, the determined pH-values, in non-aqueous media, do not

follow the conventional concept and thus are not directly comparable.

Besides, the pH-value in organic solvents of high permittivity, as well

as in mixtures of water and organic solvents, has been defined by the

IUPAC (Commission of Electroanalytical Chemistry) as described by

Eq. (1),wherem is themolality andγm the activity coefficient of protons

in the liquid phase under consideration (Mussini et al., 1985; Rondinini

et al., 1987); however, this equation is somewhat awkward to be

managed in order to be applied in all cases.

pH ¼ −log10 a H
þ

� �h i

¼ −log10 m H
þ

� �

xgm H
þ

� �h i

: ð1Þ

Likewise, Mandel pioneered in putting forward a unified scale

for quantitative comparison of acidities throughout different media

(Mandel, 1955); additionally, a unified Brønsted acidity scale has

been proposed, which is based on the absolute chemical potential

μabs(H
+, solv) of the proton in liquid phase independently of the medi-

um. In the latter concept μabs
‡ (H+) andα(H+) are the standard chemical

potential, and the activity of proton, respectively; nevertheless, the con-

cept of acidity among different systems can be validated based on the

chemical potential of the diluted protons, and by using as reference

the chemical standard potential of the gaseous proton as the zero

point, which was set axiomatically to 0 kJ mol−1, i.e. (Eq. (2)):

μabs H
þ

� �

¼ m H
þ

� �

−μ
‡
H

þ
; g at 298:15 K

� �

¼ 0 kJ mol
−1

: ð2Þ

Therefore, an absolute thermodynamic acidity scale has been

constructed and leads to μabs(H
+) values related to the chemical

standard potential of the proton in the gas phase, which in turn under-

lines, that interactions between reactionmedia lead to a lower chemical

potential of the protons according to the relation ΔsolvG
‡(H+,g) =

μabs
‡ (H+, solv). In fact, in any liquid phase, the chemical standard poten-

tial of the gaseous proton is lowered by its solvation standard Gibbs

energy ΔsolvG
‡(H+, g), due to proton transfer from the ideal gas phase

(at 1 atm) to an ideal 1 M solution of protons, i.e. for pH = 0, and

where the activities of the included protonated species, as well as the

absolute chemical potential of proton can be determined by using

the rCCC — relaxed COSMO Cluster Continuum model. Therefore,

it was found that ΔsolvG
‡(H+, H2O) = −(1105 ± 8) kJ mol−1,

which implies that for two distinct solutions a difference of one

pH unit equals to a change of the chemical potential by 5.71 kJ mol−1

(i.e. for ΔpH = −Δlog10[a(H
+)] = 1, and at T = 298.15 K, it holds

true that Δμabs(H
+, solv) = RT Δlog10[a(H

+)] = 2.303 RT log10
[0.1] = −5.71 kJ mol−1). By taking into account also a general defini-

tion of chemical potential (Laidler and Meiser, 1982), in the case of

protons and under constant pressure, temperature and activities of

all other species of the solution, Eq. (3) could be written; in dilute

solutions, the acidity, which correlates with the activity of the solvated

protons, is described by the pH-value:

μ H
þ

� �

¼
∂G

∂n Hþð Þ

� �

P;T ;n X≠Hþð Þ

¼ μ
‡
H

þ
� �

þ RT ln α H
þ

� �h i

¼ μ
‡
H

þ
� �

þ2:303� RT log10 α H
þ

� �h i

¼ μ
‡
H

þ
� �

−5:71 kJ mol
−1

� pH:

ð3Þ

Therefore, it is possible to estimate acidities to H+(solv) at all

activities according to Eq. (4), independently of the solvent, for

which, only the value of ΔsolvG
‡(H+) = μabs

‡ (H+, solv) is necessary.

Values of ΔsolvG
‡(H+) are accessible from the literature (Himmel et al.,

2010). However, we should point out, that standard conditions corre-

spond to an activity of H+(solv), of 1.0 mol L−1 at 298.15 K and 1 atm,

which means that pH = 0, as well as that the absolute acidities of solu-

tions are comparable due to Eq. (4).

μabs H
þ

; solv
� �

¼ ΔsolvG
‡
H

þ
� �

− pH x 5:71 kJ mol
−1

� �h i

ð4Þ

Furthermore, it is allowed to divide ΔsolvG
‡(H+) = μabs

‡ (H+, solv)

by−5.71 kJ mol−1 and produce Eq. (5), to assign absolute (not conven-

tional) pHabs-values (Himmel et al., 2010).

pHabs ¼
μabs H

þ
; solv

� �

−5:71 kJ mol−1
ð5Þ

3.2.5. Influences of reaction factors

3.2.5.1. Lipase concentration. In biocatalysis, unlike an ordinary chemical

process, the total quantity of the used enzyme is important, as it affects

both, the reaction time and the product yield (Kim et al., 2004). Howev-

er, in most cases, it seems as preferable to use immobilized lipases

in esterification reactions, where in first place a small loss of the per-

centage activity of the entrapped enzymes is observed. On the other

hand, the remaining enzymatic activity usually shows improved esterifi-

cation capabilities versus. free lipases, probably due to a more favorable

conformation. A loss of enzymatic activities amounting to about 50%

was observed in cases of non-immobilized lipases (Adlercreutz, 2008).

However, the yield of an esterification reaction should be higher, as the

concentrations of substrates (acid and alcohol) are higher and lesser is

the total amount of immobilized lipase (Lozano et al., 2004). Additionally,

all factors which may commonly affect the lipase-catalyzed esterification

activity (i.e. the overall lipase activemass, themolar ratio of the used acid

to alcohol, the fatty acid chain length, the type of the reactionmedium, its

acidity and temperature), should be considered as well (Villeneuve,

2007).

3.2.5.2. Temperature. Experimental results using a porcine pancreas

lipase showed the thermal stability of this enzyme at relatively high

temperatures, approaching 80 °C, during an esterification reaction

(Kokkinou et al., 2012). It is generally accepted, that enzymes found in

hydrophobic environments (e.g. organic solvents) become generally

more stable, as the temperature rises and up to a limit characteristic

for each individual enzyme (Garcia et al., 2002). Thermal stability has

been explained by taking into account the conformational stability of

these enzymes (Kiran et al., 2001 and references therein). The effect of

temperature on the esterification reactions is partitioned into three
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components i.e. (i) in a direct influence on the reaction rate, (ii) in

the enzyme's stability, and (iii) in the substrate's solubility, which is

improved by reducing mass transfer limitations (Facioli and Barrera,

2001). As in most cases, at higher temperatures the lipase activity

could be decreased significantly due to its denaturation. In addition, a

lipase-catalyzed esterification reaction rate could be decreased gradually

with increasing temperature, probably due to the effect of a synergic

inhibition between temperature and ethanol on the lipase (Z. Li et al.,

2011, W.N. Li et al., 2011).

3.2.5.3. Chain length andmolar ratio of the reacting acid and/or alcohol. An

important factor, which affects the yield of lipase-catalyzed esterifica-

tion reactions, is the chain lengths of both substrates (acid and alcohol).

Primary alcohols augment the ester yield with an increasing chain

length and up to a limit, which depends among others, also on the

used lipase. Several works have reported reasonable explanations for

these phenomena in termsof the released energy, due to binding of sub-

strates at the lipase active site. This energy seemsmore likely to be suf-

ficient to support conformational changes of the used lipase to a more

catalytically efficient structure. It is well known, that a lot of lipases

are equipped with two types of active sites: one for smaller substrates

and another for larger substrates (Varma andMadras, 2010). Neverthe-

less, small molecules diffuse at the lipase active site more easily, though

the nucleophilic character of alcohol decreases as the length of its ali-

phatic chain increases. However, it has been reported, that methanol

inhibits the lipase catalyzed esterification (Chaibakhsh et al., 2009). A

proven strategy to eliminate the negative effect of methanol is its step-

wise addition (Shimada et al., 1999). Another way to solve the problem

of lipase inactivation due tomethanol's insolubility is the selection of an

appropriate solvent such as tert-butanol. tert-butanol solubilizes the ex-

cessivemethanol which significantly increases themethyl ester content

(Wang et al., 2006).

Furthermore, several researchers investigated various aspects of

immobilized lipase-catalyzed synthesis of short and long-chain esters

of fatty acids with short-chain alcohols in n-hexane. Based on experi-

mental data concerning the lipase-catalyzed esterification process, the

yield of the produced ester increases, as the ratio of alcohol:acid is

increased up to a critical value. Beyond this value, the ester yield de-

creases, more likely, due to the distortion of the water layer by the

polar compound alcohol. This distortion causes modifications of the

protein's tertiary structure and therefore, it promotes inhibition phe-

nomena. The critical value of this alcohol/acid ratio varies according to

the used enzyme, as well as according to the type and the composition

of the reaction medium (Guncheva and Zhirkoya, 2008).

3.3. Courses improving the lipase-catalyzed esterification and the ester yield

As pointed out in the Section 1, immobilized lipases carry out the

most andmore efficient synthetic reactions, versus the non-immobilized

ones, as far as it concerns the product yield (e.g. esterification). Conse-

quently, immobilization makes the separation of products easy, and

enhances the lipase's stability towards the temperature, pH-value and

other features of the reaction media, mainly through more flexible

lipase/substrate binding modes. Lipase-catalyzed reactions, which

take place at the aqueous−organic solvent interfaces, i.e. in emulsions,

are technically and economically awkward, as opposed, mainly, to

membrane-immobilized lipases in two-phase media. Lipase inacti-

vation is often observed in the former case, due to intensive stirring

and/or contamination of the products with surfactants. Moreover,

the membrane-immobilized enzymes are advantageous in continuous

systems. In this course, organic synthetic membranes, usually hydro-

phobic versus hydrophilic, have been extensively used as lipase carriers,

where both of them have advantages and disadvantages. An investiga-

tor has to design efficient lipase immobilization systems, based on

different criteria, techniques and carriers, which are largely dependent

on the individual lipase used, as well as, on the nature of the reaction

medium (aqueous, organic, two-phase, etc.), and the conditions (tem-

perature, pH-value, etc.) (Knežević et al., 2004).

3.3.1. Immobilized lipases

Various immobilization techniques have been used to enhance the

biocatalysis in organic solvents such as, adsorption or covalent attach-

ment to solidmaterials, and/or entrapment in organic or inorganic poly-

mers or microemulsions (Costas et al., 2008, and references therein).

These techniques are important in terms of stability, cost, recovery,

and denaturation of purified lipases after completion of the catalytic

reaction. Thus, immobilization in solid matrices makes lipases insoluble

in aqueous media (Kenedy and Cabral, 1987). Moreover, immobilized

enzymes are thermostable and can be stored for longer periods of

time, than non-immobilized ones. The materials used for the immobili-

zation of lipases are larger in size compared to the enzyme molecule,

regardless whether they are liquid (e.g. reversed micelles) or solid,

however, in all cases, the activity of lipases is influenced by the properties

of the immobilization matrix. When porous materials are used, then

lipases can be immobilized without conformational changes (Balcão

et al., 1996a).

When immobilization is performed by adsorption of lipases,

where the aqueous phase is brought into close contact with the

adsorbing surface, then it is not uncommon to assume a reversible

process Lbulk ⇄
k1
k−1

Llqbd (Balcão et al., 1996b), where Lbulk and Llqbd

denote lipase molecules in the bulk solution and the liquid boundary

layer, respectively, as well as k1 and k−1 which denote the rate constants

corresponding to adsorption and desorption, respectively. It was

assumed, that k1 NN k−1 due to the unique hydrophobicity of lipases.

In general, an immobilized lipase-catalyzed reaction may be described

by reaction Scheme 5 (see also Scheme 1). Likewise, expressions like v

¼
Vapp
max Es½ �

Kapp
m þ Es½ �

and/or v ¼ α0þα1 Es½ �þα2 Es½ �2−…

1þβ1 Es½ �þβ2 Es½ �2−…
can be produced, whose terms

are easily explained.

In the presence of a large excess of water in the reaction medium,

hydrolysis is promoted and a common ping-pong bi-bi simplified rate

expression similar to the Michaelis−Menten one can be written, as

Eq. (6), where Vapp
max ¼

V f
max H2O½ �

K
H2O
m þ H2O½ �

, denotes an apparent maximum rate in

the forward direction (f) and Kapp
m ¼

KEster
m H2O½ �

K
H2O
m þ H2O½ �

, denotes an apparent

Michaelis−Menten constant (Paiva et al., 2000).

v ¼
V
app
max Es½ �

Kapp
m þ Es½ �

ð6Þ

However, the exact form of the appropriate equation depends on the

rate controlling step (acylation and/or deacylation of lipase) (Garcia

et al., 1992, 1999).When a single type of ester (i.e. I = J = 1—notations

in Scheme 1) is involved in the reaction, then the general equation takes

the form of Eq. (7) (Bates and Watts, 1988).

v ¼
α0 þ α1 Es½ � þ α2 Es½ �2−…

1þ β1 Es½ � þ β2 Es½ �2−…
ð7Þ

The immobilized lipase molecules will eventually interact in the

hydrophobic boundary layer with an increasing number of adsorption

points on the carrier surface, according to the reaction Scheme 6, where

a rate constant k governs the transformation of a non-adsorbed lipase

molecule into an adsorbed molecule of lipase on the membrane through

Scheme5.Outline of an immobilized lipase-catalyzed reaction following the ping pong bi-

bi mechanism (see also Scheme 1).
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multipoint attachment. n* is one of n available adsorption sites on the

membrane.

3.3.2. Chemically modified lipases

Different methods have been reported regarding immobilization

of lipases. In most cases, glutaraldehyde has been used as the cross-

linking branch for applications in organic solvents. This is a facile and

inexpensive method and it results in enhanced lipase thermostability

and tolerance. However, the extent and exact locations of themodifica-

tions are often obscure. In addition, under heterogeneous reaction con-

ditions, the number of enzyme active sites, after the modification, were

unknown and thus the obtained experimental results were mostly

not assessed, and in an ambiguous manner, when they were compared

among different publications. Alternatively, chemically modified lipases,

i.e. covalently modified with the amphiphilic polymer PEG, have been

successfully functioning when applied in organic solvents (Krishna

and Karanth, 2002). Similarly, several experiments have been

performed with modified amino acids, lipids, surfactants, and hydro-

phobic polymers of various origins (poly-vinyl, poly-methyl, methyl-

acrylate, etc.). Such modified enzymes were found stable and active in

a variety of polar and non-polar solvents. The achievement of successful

modifications with solubilized enzymes in a preparative level, in order

to surmount internal diffusion limitations, is nevertheless an ambitious

task. On the other hand, the use of solubilized enzymes in organicmedia

in continuous processes was discouraging, due to the enzymes' recovery

problems (Dave and Madamwar, 2010; Krishna and Karanth, 2002).

3.3.3. Genetically engineering of lipases

Organic synthesis bymeans of enzymatic catalysis was found advan-

tageous, due to its mild reaction conditions, higher reaction rates and

larger industrial applications, and it has influenced researchers and in-

dustries, especially in the field of biotechnology. Lipases followed the

fate of all hydrolases in expanding their applications in industrial and

biotechnological applications. Thus, certain genetic engineering tech-

niques were developed as opposed to possible chemical modification

of native lipase molecules, and specific databases have been designed

offering all necessary important information to the researchers

(http://www.led.uni-stuttgart.de, n/d).

Different approaches to lipase engineering have been applied, i.e.

rational design (continuous improvement of structure to function rela-

tion through engineering of particular lipase properties), and directed

evolution (effective mutations of the lipase molecule followed by vary-

ing the reaction conditions in order to improve its stability, or activity,

and/or selectivity, etc.) (Stemmer, 1994 and references therein). Several

examples may contribute to appreciate these methodologies. At first,

random mutagenesis procedures based on a trial-and-error logic, im-

proved the thermostability of certain lipases (Shinkai et al., 1996 and

references therein). In other attempts, activity, enantioselectivity and

regioselectivity of recombinant lipases from different microorganisms,

were enhanced (Reetz et al., 1997), and/or well organized hydrolytic

enzymemutant librarieswith improved substrate specificity and stability

were assembled using known host bacteria and/or fungi (e.g. Escherichia

coli, Saccharomyces cerevisiae, etc.) (Crameri et al., 1998; Giver et al.,

1998).

4. Lipases as biocatalysts for biofuel production

Increased energy demands have turned scientists' interest in search

of alternative fuels from renewable sources. During the last years, biofu-

el has attracted a lot of attention, as one of the most potential fuels

against fuels produced from petrol, since it is biodegradable and non-

toxic. Biofuel can be synthesized from fats and oils via transesterification

and/or esterification, in which the substrate is triglycerides or fatty

acids, respectively and an alcohol. The reactions were carried out in

the presence of an inorganic catalyst or enzyme (Leung et al., 2010

and references therein). The lipase-catalyzed esterification and/or

transesterification have been considered as friendly and thus “green”

for the environment.

Vegetable oils are potential sources for production of biofuel as they

are of high quality. However, they increase significantly the cost of the

preparation, a fact that subsequently raises social and ethical issues for

the use of edible oils in fuel production during a period of food crisis.

For this reason, many scientists have focused their research in using

waste fats and non-edible oils, e.g. jatropha (Jatropha curcas), as a sub-

strate for biofuel production (Koh, 2011). The majority of non-edible

vegetable oils contain high levels of free fatty acids (FFAs), which can

be converted to biofuel by esterification. When this reaction is catalyzed

enzymatically by a lipase, it gives the best results, because it does not

formsoaps as in the case of basic catalysis, andproceeds in one stepwith-

out an intermediate washing procedure. Moreover, it does not need a

large amount of alcohol, as is the case with acid catalysis (Fan et al.,

2012). The most promising lipases for biofuel production are derived

fromyeasts; however, a number of lipases isolated from bacterial species

have been applied with remarkable results and will be described below.

4.1. Bacterial lipases

In general, a broad spectrumof bacteria and archaea synthesize hydro-

lases. Lipases have been isolated from a large number of bacterial hosts

and their properties, and the structures of several of them, have been

extensively analyzed revealing their catalytic action in detail. Many

convenientmethods for their isolation and overproduction have been de-

veloped. Today, they represent one of the most widely used enzyme

categories in biotechnological applications (Carrasco-López et al., 2009).

Bacterial lipases are efficient catalysts possessing valuable properties

such as a wide variety of substrates that they use, selectivity, stability in

organic solvents, and activity in various conditions. Therefore, they are

used in a wide spectrum of industrial applications including production

of fats and oils, detergents, fine chemicals, pharmaceutical drugs, pulp

and paper, aswell as use in bioremediation,waste treatment, oil biodeg-

radation and medical application.

A large number of lipases have been isolated and characterized

from a great variety of bacteria and their properties have been reviewed

in detail (Pandey et al., 1999). Representatives of them are Bacillus

species including among others Bacillus subtilis, Bacillus pumulus, Bacillus

stearothermophilus, and Bacillus licheniformis. Furthermore, other genera

were also used, such as Burkholderia cepacia, Burkholderia glumae,

Chromobacterium violaceum, Clostridium, Colwellia psychrerythraea,

Corynebacterium, Dehalococcoides, Geobacillus, Propionibacterium,

Pseudoalteromonas haloplanktis, Pseudomonas (Pseudomonas aerugiosa,

Pseudomonas fluorescens, etc.), Rhodoferax, Serratia, Staphylococcus

(Staphylococcus aureus, Staphylococcus xylosus, etc.), Streptomyces,

Vibrio, etc. Some significant examples of lipases originating from

extremophiles should be also mentioned, such as LipA and LipB

from the hyperthermophilic anaerobe Thermosyntropha lipolytica

(Salameh and Wiegel, 2007) and the first true lipase from the

hyperthermophilic archaeon Archaeoglobus fulgidus (Levisson et al.,

2009), the ones of the psychrophiles Psychrobacter immobilis (Joseph

et al., 2008 and references therein), Psychrobacter okhotskensis (Yumoto

et al., 2003) and Acinetobacter calcoaceticus (Pratuangdejkul and

Dharmsthiti, 2000), as well as from the halophilic archaeon Haloarcula

marismortui (Müller-Santos et al., 2009).

More bacterial lipases isolated from Burkholderia, Pseudomonas,

Enterobacter and Chromobacterium have been applied for synthetic

purposes with remarkable results. A lipase from P. fluorescens has

been used for biofuel production by soybean oil and methanol (3:1

methanol-to-oil molar ratio) under mild conditions (Luo et al.,
Scheme6.Outline of the interactions of immobilized lipasemolecules onto the hydrophobic

boundary layer with an increasing number of adsorption points on the carrier surface.
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2006). In a later study P.fluorescensMTCC103 cellswere immobilized on

sodium alginate during a batch process (Devanesan et al., 2007). Pseudo-

monas cepacia lipase was immobilized within a chemically inert, hydro-

phobic sol-gel support prepared by polycondensation of hydrolyzed

tetramethoxysilane and iso-butyltrimethoxysilane, and exhibited

higher activity compared to the free enzyme. It exhibited a small ac-

tivity loss after repeated uses (Noureddini et al., 2005) and was used

in modified biocatalyst formulation CLEAs (cross-linked enzyme aggre-

gates) and PCMCs (protein-coated microcrystals) to convert the oil of

Madhuca indica into ethyl esters in a solvent-free system. In later studies,

P. cepacia lipase was immobilized on a silica–PVA composite and used for

biofuel production against babassu oil and ethanol in solvent free

systems, as well as for the conversion of jatropha oil via ethanol after

its immobilization on celite, and high yields were achieved (Shah

and Gupta, 2007 and references therein). The immobilized lipase

was used four times without any loss of its catalytic activity.

Recently, a B. cepacia lipase immobilized in an n-butyl-substituted

hydrophobic silica monolith was used for the conversion of crude

Jatropha oil and methanol (3:1 methanol-to-oil molar ratio) to biofuel

in a continuous process reaching a yield of 90%. The continuous produc-

tion of biofuel at similar high yields was also obtained using a lipase-

immobilized silica monolith bioreactor (Kawakami et al., 2011). At

parallel time, a Burkholderia cenocepacia lipase has been immobilized

in a macroporous resin NKA showing similar catalytic efficiency in bio-

fuel production (Liu et al., 2011). Moreover, an Enterobacter aerogenes

immobilized lipase was used for biofuel production from Jatropha oil

with t-butanol as a solvent and a 4:1 methanol-to-oil molar ratio,

reaching a maximum conversion of 94% (Kumari et al., 2009);

Chromobacterium viscosum lipase was used as both a free and as an

immobilized enzyme on Celite-545 for biofuel production from

Jatropha oil (Shah and Gupta, 2007 and references therein).

The last decade metagenomic approaches have been applied in

order to isolate lipase genes from microorganisms that are practically

uncultivable. Therefore, DNA was isolated directly from environmental

samples and screened either by constructing a DNA library and intro-

ducing it usually in E. coli followed by a lipase assay of the recombinant

clones (Zuo et al., 2010), or in a PCR-based approach with degenerate

primers specially designed from conserved regions of lipase genes

(Bell et al., 2002).

4.2. Fungal lipases

In recent years much attention was given to fungal lipases, which

have been widely used in free and/or immobilized forms, or even as

whole cell biocatalysts for biofuel production. The direct esterification

of fatty acids and alcohols, catalyzed by fungal lipases for the production

of biofuel, is an advantageous alternative to other methods due to the

versatility of the properties of these lipases, their substrate specificity

and ease ofmass production.Many lipases, which have been considered

as important due to their stability and esterification potential originate

from fungi of the genera Mucor, Rhizopus, Geotrichum, Rhizomucor,

Aspergillus, Humicola, Candida, and Penicillium (Benjamin and Pandey,

1998 and references therein; Ellaiah et al., 2004; Larios et al., 2004;

Tan et al., 2003).

In general, the application of fungal lipases for synthetic purposes is

well documented in a number of publications which have reported on

esterification reactions of free fatty acids and alcohols, catalyzed by com-

mercial fungal lipases, in non-aqueous or micro-aqueous media; the

fungal lipases Lipozyme RM-IM (from Rhizomucor miehei), Lipozyme

TL-IM (from Thermomyces lanuginosus), andNovozym435 (from Candida

antarctica)wereused in theseworks. Lipases fromAspergillus niger,Rhizo-

pus delemar, Geotrichum candidum, and Penicillium cyclopium were

employed in the synthesis of esters of oleic acid with various primary al-

cohols, whereas lipases from the species Rhizopus niveus and Aspergillus

terreus have been used for the esterification of free fatty acids (FFAs) in

solvent free systems with promising results (Russell et al., 1998).

At this point, it should also be addressed that changes in mycelial

morphology of filamentous fungi can have a profound effect on lipase

production and vice versa. Specifically, it has been proposed (Haack

et al., 2006) that in Aspergillus oryzae, the swelling of the hyphal tip ob-

served, could be a result of high lipase productivity. In the case ofA. niger

MYA 135, the highest extracellular lipase production was observed in

filamentous growth (Colin et al., 2010). Furthermore, it has been sug-

gested (Nakashima et al., 1990) that cell immobilization (aggregation)

of several Rhizopus sp. cells on biomass support particles (BSPs) en-

hanced lipase production whereas aggregated mycelia of Rhizopus

chinensis were also suggested to achieve high lipase production (Teng

et al., 2009).

4.3. Whole cell biocatalysis

As a matter of fact, the use of whole cells was the sole method of

biocatalysis for thousands of years, in preparing and processing of

dairy products and other kinds of food, of vegetables, handicrafts, etc.

(Stergiou et al., 2012; Theodorou et al., 2006). Much later, purified

free and/or immobilized enzymes possessing specific properties were

employed in the industrial and biotechnological biocatalysis processes.

Nowadays, the well known whole cell biocatalysis was proposed

recently as a cost-effective alternative method. Thus, instead of using

various forms of purified enzymes, the activity of the cell produced en-

zymes is exploited for industrial and other applications (Fukuda et al.,

2008). In this way, various methodologies have been reported on biofu-

el production in relative high yields, which in turn are also useful in

respect of stability of the cells, which is a crucial factor for industrial

applications. Such an example is the glutaraldehyde-treated cells of

Rhizopus oryzae IFO 4697, which were immobilized on cuboidal poly-

urethane foam biomass support particles, and maintained their lipase

activity during six batch cycles without a significant decrease, probably

due to stabilization provided by the glutaraldehyde-treatment (Ban

et al., 2002; Hama et al., 2007; Oda et al., 2004 and references therein).

Additional information has been reported concerning the whole-cell

biocatalysis, for example, that R. oryzae IFO 4697 cells showed higher

durability in repeated use, when obtained from air-lift bioreactor culti-

vation, than from shake-flask cultivation due to the lower degree of

saturation of the membrane of air-lift cultivated cells (Oda et al.,

2004). Later,moremicroorganismswere used inwhole cell biocatalysis

for biofuel production as R. chinensis CCTCC M201021, A. oryzae, etc

(Adachi et al., 2011; Qin et al., 2008).

Moreover, different approaches have been developed concerning

the yeast whole cell biocatalysis systems (e.g. R. oryzae lipase was

overexpressed in S. cerevisiae MT8-1) and it has been demonstrated

that these systems can be efficient in solvent-free reaction media for

biofuel production (Matsumoto et al., 2001). Contrary to R. oryzae lipase

for which whole cell biocatalysis methodology is quite common, to our

knowledge, there is only one reference available concerning the display

of T. lanuginosus lipase along with C. antarctica lipase on the surface

of Pichia pastoris cells providing relatively high yields of methyl ester

for singly displayed C. antarctica lipase, T. lanuginosus lipase and co-

displayed enzymes (Yan et al., 2012). Further reports are referred in

the use of recombinant R. oryzae lipase LY6, a mutant from R. oryzae

DSM853 which was expressed in Pichia pastoris, and where the crude

pro-lipase, i.e. the mature form of the enzyme plus a pro-sequence,

was used for biofuel production in high yields (Hama et al., 2007 and

references therein; Fukuda et al., 2009; Z. Li et al., 2011, W.N. Li et al.,

2011).

5. Conclusions

The production of biofuel by direct esterification of fatty acids and

alcohols catalyzed by lipases is an advantageous alternative versus

both the conventional chemical processes and the lipase-catalyzed

transesterification reactions. However, in order for the enzymatic
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esterification reaction in both laboratory and industrial scales to be-

come competitive, there are several issues that should be resolved.

Herein, essential answers to this query are reviewed by considering

also the new perspectives in the industrial application of the lipase-cat-

alyzed synthesis of esters for biofuel production.

Esterification by lipases was developed a few decades ago and vari-

ous microbial lipases have been used for this purpose. Perquisites for

their use regardless of their synthesis scale, should be both, the high

ester yield and the reduction of the reaction time. Therefore, a better un-

derstanding, appreciation, and knowledge of various reaction parame-

ters affecting the esterification reactions could save cost and time for

future industrial biotechnology applications. In this review, commented

on are key factors and courses affecting generally the lipase-catalyzed

esterification reaction and in regard to their experimental sequence,

the following points are considered:

(a) The significance of the concentrations of lipase and its sub-

strates, as well as the molar ratio of the reacting acid and alco-

hol, depends partly on the thermodynamic activity of water in

the reaction medium, the substrate accessibility towards the

lipase molecules, and the interfacial composition. As it has

been reported these phenomena were explained in terms of

the released energy due to the binding of substrates on the

active site of the used lipase and by taking into account also

the conformational changes of lipase to a more catalytically

efficient structure.

(b) The organic acid-to-alcohol molar ratio and the mixing rate of

the reaction medium, as both of these substrates may induce

inhibitory effects and moreover lipases are active in at least

biphasic media, should obviously be well mixed during the

esterification reaction.

(c) The nature, the influence, and the measuring of the pH-value

in multiphase and/or organic solvent media are difficult

tasks, and thus the absolute thermodynamic acidity scale,

which has been constructed, offered the possibility to compre-

hend and estimate acidity values (as equivalent to pH-values)

independently of the reaction medium, concluding, that for

this purpose, only the value of ΔsolvG
‡(H+) = μabs

‡ (H+, solv)

is necessary.

(d) The temperature of the reaction mixture affects homogeneous

and heterogeneous esterification reactions, while the ob-

served thermo-stability is more likely due to the binding of

substrates on the lipases and the removal of excess water mol-

ecules from the immediate vicinity of the enzyme molecule.

(e) The crucial role of the water content in the reaction medium,

which is a stronger nucleophile than alcohols and whose ab-

sence eliminates the competing hydrolysis reaction, is well

documented. Although several ambiguities have been brought

up regarding the use of completely anhydrous media, the an-

swer seems to be based on the importance of enzyme-bound

water rather than of bulk water. These uncertainties can be

avoided by using various kinds of immobilized lipases on

water insoluble carriers (covalently, by adsorption, hydropho-

bic binding, ion exchange, cross-linking, in reversed micelles,

polymeric matrices, hollow fibers, by precipitation in organic

solvents, etc.) in less viscous multi-phase systems where larg-

er amounts of the esterification substrates (organic acid and

alcohols) can be dissolved and both mass transfer and inhibi-

tory effects are strongly reduced.

(f) Themechanisms of the lipase-catalyzed esterificationwhich have

been studied and valuable reaction models and rate equations

were reported based on suitable assumptions concerning the ele-

mentary reaction steps and comprising both the lipase activation

and the formation of the corresponding enzyme–substrate com-

plexes. These reactions are performed in non-isotropic media

(organic solvents and/or in biphasic media), present inherent

difficulties and thus can be described only by awkward equations;

however they offer a lot of information which is regularly used in

the improvement of the esterification process.

(g) Genetic engineeringhas beendeveloped as an alternative to chem-

ical modification of native lipases from different microorganisms

by applying various techniques such as rational design, directed

evolution, etc., and it contributed to the improvement of their

activity, stability, regioselectivity and enantioselectivity. Further-

more, the increased applicability of engineered lipases, which pos-

sess novel properties and is used in the food and pharmaceutical

industries and technologies as significant biocatalysts, has

emerged based on optimized growth-media.

(h) Whole cell biocatalysis, which offers low-cost and effective

alternatives to the use of lipases for industrial, biotechnolog-

ical and other applications, tends to substitute the various

forms of the purified enzymes. Moreover, various novel reac-

tor designs are equipped with immobilized whole cell

biocatalysts offering effective and efficient bioconversion

processes.

Unambiguously, the art of the lipase-catalyzed esterification of fatty

acids and alcohols should take into serious consideration the aforemen-

tioned key factors and courses, whose improved use, handling and

exploitation, could be the means for future trends, challenges and per-

spectives in this area of biocatalysis.
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